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ABSTRACT

Single cell measurements with living specimen like, for example, the ciliated protozoan Paramecium caudatum can be a challenging task.
We present here a microfluidic trapping mechanism for measurements with these micro-organisms that can be used, e.g., for optical mea-
surements to correlate cellular functions with the phase state of the lipid membrane. Here, we reversibly trap single cells in small compart-
ments. Furthermore, we track and analyze the swimming behavior of single cells over several minutes. Before and after reversible trapping
the swimming speed is comparable, suggesting that trapping does not have a large effect on cell behavior. Last, we demonstrate the feasibility
of membrane order measurements on living cells using the fluorescent dye 6-lauryl-2-dimethylaminonaphthalene (Laurdan).

Published under an exclusive license by AIP Publishing. https://doi.org/10.1063/5.0084084

INTRODUCTION

During the past 300 years, paramecia have been reported from
practically every part of planet Earth. The freshwater species are
commonly found in pools, ponds, lakes, aquaria, reservoirs, bodies
of stagnant water, streams, rivers, and, occasionally, drinking water.
Due to this fact, it is not surprising that paramecia are one of the
most studied micro-organisms in biology. The effects of several
chemical and physical factors on paramecia have been investigated
intensively. These include, among others, food, pH, temperature,
ultraviolet and visible light, drugs, various chemicals, electric
current, magnetic fields, sound waves, bioelectrical phenomena,
and even space flights.1

Studies on cellular processes are often performed with large
cell populations. However, parameters measured as averages of
large populations can be misleading. An apparently linear response
to a signal might actually reflect an increasing number of cells in
the population that have switched from “off” to “on” rather than a

uniform increase in the response of all cells.2 Moreover, dynamic
single-cell measurements require methods capable of holding an
individual cell in place for repeated measurements, and it is impor-
tant that the cell behavior is not perturbed by cell handling
methods.3

Observing the behavior and tracking of individual paramecia
cells is still a challenge due to their high mobility. Under optimal
conditions, paramecia can reach swimming speeds of up to several
mm/s with a highly alternating direction of motion. This makes it
difficult to track individual cells with a microscope in free space, as
the cell moves rapidly across the field of view and also out of focus.
Several tracking methods exist to overcome this task. Hasegawa
et al. presented a method of tracking the locomotion of an isolated
micro-organism in a limited space.4 Also more advanced tech-
niques exist, where single cells can be followed with a motorized
stage in 2D5 and 3D.6 Another approach is to use a multi-target
tracking system as presented by Huang et al.7 With a tracking
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system, it is possible to follow the swimming path of a single cell,
but measurements that require the cell to be held still in one place
cannot be made with it. There are already a few methods described
in the literature to hold individual cells in space. First, there are tech-
niques that lead to temporary or complete immobilization of the
cells by adding biochemical substances. The addition of ethanol
(5% v/v) leads to a complete loss of cilia and thus complete immobi-
lization.8 This will, however, massively disrupt the physiology of the
cells. Another method is to immobilize the cells to a substrate using,
for example, the biochemical substance Cell-TakTM.9 This method is
less harmful to the cells but is also not reversible. Using electric or
magnetic fields is another approach to establish contactless manipu-
lation and trapping of cells.10–12 There also exist microfluidic
approaches. Lutz et al. described a new method that uses a gentle
secondary flow to catch and release single cells, including motile
cells, at predictable locations in 3D.3 Another method uses filters
with holes smaller than the specimen to mechanically entrain the
cells to the bottom by negative pressure.13 Acoustomicrofluidics can
also be used to manipulate micro-organisms. Afzal et al. proposed a
two-step acoustomicrofluidic separation method to isolate tardi-
grades from raw samples.14 Läubli et al. combined an acoustically
driven manipulation device with a micro-force sensor to freely rotate
biological samples and quantify mechanical properties at multiple
regions of interest within a specimen.15 Therefore, the specimen had
to be sedated before the procedure.

However, only a few of the methods presented are capable of
reversibly trapping individual cells. And, none of them alone is
able to track the swimming path of the same cell controllable and
repeatedly. Therefore, we investigated different trapping mecha-
nisms, to be able to compare the results of the different approaches
and to exclude their influences on the measurement. Our first
approach was to use standing surface acoustic waves (SSAW),
similar to the technique used by Saito et al., where they used ultra-
sonic standing waves.16 As shown in our group before, SSAW are
suitable to manipulate and arrange adherent cells.17 Trapping cells
with standing surface acoustic waves offers the possibility of confin-
ing cell movement to one dimension and slowing it down consider-
ably.18 A limitation here is the radio frequency (RF) power that can
be applied, as it generates heat that could lead to cell death. In our
second approach, we use a collagen fiber matrix to immobilize the
cells. Here, the movement of the cells is limited to rotation. This
method can be used for long-term measurements on a single cell,
e.g., under variation of the culture medium. However, it is not
reversible. The use of a microfluidic device allows us to reversibly
trap single cells in small compartments and to monitor and analyze
the swimming behavior over several minutes. Before and after
reversible entrapment, the swimming speed is comparable,
suggesting that entrapment does not have a large effect on cell
behavior. Finally, we demonstrate the feasibility of membrane
order measurements on living cells using the fluorescent dye
6-lauryl-2-dimethylaminonaphthalene (Laurdan).

MATERIALS AND METHODS

Culturing and solutions of Paramecium caudatum

Paramecium caudatum cells were grown in hay infusion
media containing rice grains at 23 °C. Approximately half of the

medium was replaced every four weeks. Prior to the experiments,
paramecia were centrifuged at 800 g for 2 min. The cell pellet was
then transferred to a buffer solution containing 1 mM CaCl2, 1 mM
KCl, 0.1 mM MgSO4, and 1.5 mM MOPS (Sigma-Aldrich,
St. Louis, MO, USA).

Trapping with standing acoustic waves

A pair of interdigital transducers (IDTs), oriented at an angle
of 45° to the main propagation direction (X-direction) of the
LiNbO3 crystal, generates surface acoustic waves (SAW) with a
wavelength of λSAW ¼ 100 μm at a sound path width W ¼ 1mm.
The resonant frequency of each IDT is fres ¼ 34:7MHz and the dis-
tance between the IDT is l ¼ 1:5mm. The RF signal is generated
and divided by the frequency generator SML01 with an amplifier
(gain factor G = 30 dB, AMP590033H-T) and a power splitter
(ZFSC-2-4+). A glass slide (dimensions: 10 × 10 mm2) is placed on
two strips of adhesive tape, forming a channel with a height of
approximately h ¼ 50 μm. This suppresses SAW-induced acoustic
streaming due to vertical reflections at the top of the channel. In
the regime dominated by the acoustic radiation force, microparti-
cles are collected in the nodes of the partial standing sound-wave
arising from reflection of microchannel walls.19 Acoustic streaming
on the other hand can be used for mixing at small Reynolds
numbers.20 However, this is an unintended effect here. The para-
mecium suspension is pipetted onto the SAW chip and drawn into
the active area by capillary forces.

Collagen trapping

Paramecia were seeded in a chamber of an 8-well microslide
(80 826, ibidi, Martinsried, Germany) in a collagen I solution on
ice, which was then polymerized at room temperature in a culture
chamber. For the working solution, the stock solution of collagen I
(354249, Collagen I, High Concentration, Rat Tail, 100 mg—
Corning Incorporated, NY, USA) is mixed with the cell suspension
(V = 45% of total volume) and neutralized with sodium hydroxide
(1M NaOH). By adding DPBS [Dulbecco’s phosphate-buffered
saline, DPBS (1×), ThermoFisher Scientific Inc., Waltham, MA,
USA], a final collagen concentration of 1.85 mg/ml is achieved. For
collagen fiber visualization, 0.5% (w/w) of collagen is replaced with
fluorescein isothiocyanate (FITC)-conjugated type I collagen
(AS-85111, AnaSpec, Seraing, Belgium). All components in contact
with the collagen mixture were cooled in advance to prevent pre-
mature polymerization. The viability of the paramecium was
checked by adding 1 μg of the fluorescent dye calcein green acetox-
ymethyl (AM) (56496-20X50UG, SA), which results in a final con-
centration of 1 μg/ml. The viability of the cells is observed by using
the MDF-FITC-Filter (Thorlabs Inc., Newton, NJ, USA)
(λex :475/35; λem:530/43).

Microfluidic trapping

The elastomeric microchannels consist of a single layer of pol-
ydimethylsiloxane (PDMS) (Sylgard 184 Silicone Elastomer Kit,
Dow Corning, Midland, MI, USA) (mixing ratio 10:1) and were
fabricated by standard soft lithography. The PDMS block was per-
manently bonded to a glass slide using a plasma etching technique.
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Three different channel designs were used in the experiments.
Fluid flow was generated using either a syringe pump (PHD
ULTRA, Harvard Apparatus, Holliston, MA, USA) or altitude res-
ervoirs. Eppendorf tubes (1.5 ml, Eppendorf, Hamburg, Germany)
were used as height reservoirs. For this purpose, a hole was
punched in the lid through which a microfluidic tubing can be
inserted. The Eppendorf tubes can be inserted into holders attached
to the microscope for constant flow, where one holder is above and
the other below the channel. For rapid pressure changes, the height
difference can be varied manually by moving the Eppendorf tubes
up or down. The maximum height difference is determined by the
length of the microfluidic tubings. In the experiments, this was
approx. 30 cm per tube. An inverted light microscope (Zeiss
Axiovert 200, Carl Zeiss AG, Oberkochen, Germany) was used to
observe the swimming behavior and trapping processes. The videos
were recorded with a CCD camera (ORCA-05G, Hamamatsu,
Hamamatsu, Japan) or a high-speed camera (FASTCAM Mini
UX50, Photron, Ottobrunn, Germany).

Cell tracking

Videos of paramecia swimming behavior were analyzed using
the public domain software package ImageJ (2.1.0, National
Institutes of Health, Bethesda, MD, USA).21 Using a macro-script,
we can determine the position of cells on each image full automati-
cally. Further analysis of the data is performed using Python
(Python 3.8.3, Python Software Foundation).

Fluorescence measurements

The process for the optical measurements was adapted from
Toyoda et al.22 Paramecia were stained in a solution of 15 μM
Laurdan for 30 min. The stock solution contained 2 mM Laurdan
in dimethylformamide. The fluorescence of Laurdan was measured
with an image splitting component (Hamamatsu, W-VIEW
GEMINI, A12801-019). The selected filters were (438 ± 24) nm and
(510 ± 42) nm, the beam splitter had a cut-off wavelength of
442 nm. Both images were simultaneously recorded on the chip of
one single camera (ORCA-Flash 4.0 V3) with an exposure time of
80 ms. With the help of a computer, the GP of each pixel was cal-
culated using GP ¼ (I438 � I510)/ (I438 þ I510) and plotted color-
coded. Since the signal of the paramecium is significantly higher
than the background, it could be easily extracted.

Temperature control of the microfluidic channels

To make temperature dependent measurements with the
microfluidic channels, a small temperature sensor (dimensions:
2.3 × 2.1 × 0.9 mm, Nexensos M222 PT100, Heraeus, Hanau,
Germany) was placed in the PDMS next to the experimental
volume. The entire channel was heated or cooled by an external
Peltier element with a recess in the middle to enable the micro-
scopic measurements. The Peltier element was regulated by a
TEC-Controller (Meerstetter Engineering, TEC-1091) via the
computer.

RESULTS AND DISCUSSION

We here present three mechanisms for reversible and irrevers-
ible trapping of the micro-organism Paramecium caudatum. Our
focus is on the microfluidic trapping, that can be used, e.g., for
optical measurements to correlate cellular functions with the phase
state. Figure 1(a) illustrates the acoustic trapping mechanism. By
applying a standing acoustic wave field, the micro-organisms can be
trapped in the pressure nodes. Figure 1(b) shows trapping in a colla-
gen fiber matrix. Micro-organisms are incubated at low temperatures
with an unpolymerized collagen mixture. After increasing the tem-
perature, the micro-organisms are irreversibly trapped in the poly-
merized collagen matrix. Figure 1(c) demonstrates the microfluidic
trapping. By applying a short pressure gradient, micro-organisms
can be trapped and released in small compartments of a microfluidic
channel. The high deformability allows the micro-organisms to pass
these compartments unaffected. The trapping mechanisms and the
resulting benefits are described in more detail below.

Trapping with standing surface acoustic waves

Figure 2(a) (Multimedia view) shows a microscope image of
Paramecium caudatum trapped in a standing acoustic wave field.
When the RF signal (PIN ¼ 24 dBm) is turned on, two surface
acoustic waves with Pleft/right ¼ 21 dBm are generated from the left
and right sides. The superposition of these two waves results in a
standing wave. The free-floating cells are forced into the pressure
nodes. The choice of the wavelength satisfies the one cell per acous-
tic well (OCPW) condition found by Collins et al.23 with
λSAW/DParamecium � 3:3, where λSAW ¼ 100 μm is the wavelength
and DParamecium � 30 μm is the average width of the cell. After a
short resting time at a position, the cells move along the nodal lines
(red trajectories) and thus follow the valleys in the potential land-
scape of the standing wave field. Figure 2(b) shows the velocity dis-
tribution of the micro-organisms when the RF signal is turned on.
Clearly, compared to the undisturbed paramecium, there is a
strong impairment of mobility. In most cases, the protozoan stays
at one position but still occasionally reaches a velocity of up to
v ¼ 0:6mm/s. RF powers of PIN ¼ 27 dBm or higher lead to rapid
death of the cells due to heating of the medium. Active cooling
mechanisms, e.g., using a Peltier element could allow for the appli-
cation of higher power levels. Since the forces are not completely
sufficient to compensate for the net movement of the cells even at
high RF powers, long-term positioning by SAW is therefore not
possible. Thus, a reduction of the degrees of freedom over a short
period of time can be achieved with this method, but it is not suffi-
cient for complete immobilization and we decided not to follow the
SAW-approach here. Furthermore, applying a two-dimensionally
patterned potential landscape by using two perpendicular delay
lines brought no trapping-improvement as the cell length spans
several nodes. Using 2D acoustic traps would need a second, delay
line with a wavelength of about 500 μm oriented perpendicular to
the first one. We did not implement this approach in our study.

Trapping in a collagen matrix

The use of polymerizing structural proteins such as collagen
can also significantly limit the freedom of movement of paramecia.
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Similar to the positioning of cells in an acoustic trap shown above,
we can gently immobilize the agile cells using this method. To do
this, we seed the paramecia in a collagen I solution and allow it
to polymerize at room temperature in a cultivation chamber.
Figure 3(a) shows a fluorescence image of a paramecium in poly-
merized collagen I in a chamber of an 8-well micro-slide. Here, the
viability of the paramecium was checked by adding the fluorescent
dye calcein green acetoxymethyl. The cell-permeable, non-
fluorescent calcein derivative becomes fluorescent upon hydrolysis
in the cytosol of a cell and thus serves as an indicator of active cell
metabolism. The intense fluorescence signal of the paramecium
consequently indicates a high viability of the cell. The structures
around the paramecium represent the polymerized collagen fibers.
The freedom of movement of the paramecium is restricted to such
an extent that only rotation around its own axis is possible. This
rotational motion can be seen in the individual images in Fig. 3(b).
To illustrate the restricted freedom of movement, the rotation of
the stationary paramecium is marked by a fixed point on the cell
membrane. Thus, the effective swimming speed of the paramecium

in collagen I is v ¼ 0mm/s, which corresponds to complete immo-
bilization of the unicellular organism. Entrapping cells in a collagen
fiber matrix restricts cell movement to rotation, allowing long-term
measurements on a single cell, e.g., under variation of the culture
medium. However, this trapping method is not reversible.

Microfluidic trapping

Our third method for trapping paramecia is based on a micro-
fluidic approach. Inspired by existing microfluidic traps for lipid
vesicles and cells,24 we have developed a device that allows us to
reversibly trap paramecia in small compartments, e.g., for fluores-
cence analysis, and to observe cell functions, e.g., swimming behav-
ior. Figure 4 shows an overview of the different developmental
stages of the setup. We started with a design with a series of traps
and a free space where the swimming behavior of the micro-
organism can be recorded [Fig. 4(a)]. The trap itself has a diameter
of 10 μm at the smallest part. By applying a pressure gradient, the
cells are forced into the traps. After releasing the pressure, the cells

FIG. 1. Illustration of different trapping mechanisms for the micro-organism Paramecium caudatum. (a) By applying a standing acoustic wave field, the micro-organisms
can be trapped in the pressure nodes. (b) Micro-organisms are incubated at low temperatures with an unpolymerized collagen mixture. After increasing the temperature,
the micro-organisms are irreversibly trapped in the polymerized collagen matrix. (c) By applying a short pressure gradient, micro-organisms can be trapped and released
in small compartments of a microfluidic channel. The high deformability allows the micro-organisms to pass these compartments unaffected.
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can leave the traps again. However, the cells get trapped here
only in rare cases. Most of the paramecia can bypass the traps.
Figure 4(b) shows the second version of the device, where there is
no free space between the traps. This prevents the cells from
bypassing a trap. In addition, the swimming area is provided with a
barrier so that the cells cannot easily escape from the field of view.
Figure 4(c) shows the final design of the trap device. The trap now

has a barrier on both sides and is symmetrical. When a short pres-
sure gradient is applied, the cells are forced into the trap and can
also be released. A major advantage is that the cells cannot escape
from the trap by themselves easily when the pressure is reduced. In
addition, the device can be used from both sides.

We used two methods to create the pressure gradient. One is
with a syringe pump and the other is with altitude reservoirs

FIG. 2. Acoustic trapping of micro-organisms Paramecium caudatum. (a) Application of a standing acoustic wave field forces the micro-organisms into the pressure nodes.
However, they are still able to move along a line of nodes as shown by the red trajectories. (b) The velocity distribution of the micro-organisms with SAW turned on.
Compared to free swimming cells in a microfluidic channel with comparable height, the velocity is strongly reduced. Multimedia view: https://doi.org/10.1063/5.0084084.1

FIG. 3. Trapping of a micro-organism through a collagen matrix. (a) Fluorescence image (FITC) of a vital Paramecium caudatum in a polymerized fiber matrix, consisting
of collagen I. (b) Orientation of the paramecium at specific time points. The strongly reduced freedom of movement leads to the rotation of the unicellular organism around
its own axis. The rotational motion is marked by a red dot. Scale bars = 100 μm.
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(max pressure of about 5 kPa). With the syringe pump, a flow rate of
about 1 ml/h is applied. Once the cell enters a trap, the flow is
stopped to prevent the cell from being pushed through the trap.
However, very rapid changes are experimentally challenging. With the
altitude reservoir, there are several advantages. First, pressure changes
can be achieved continuously and very quickly by simply changing the
altitude. Also, it is possible to apply both negative and positive pressure
gradients in both directions. This allows simultaneous pushing and
pulling on the cells using a lower reservoir connected to the outlet,
and a higher reservoir connected to the inlet. According to Tsai
et al.,25 this can influence the deformation of the cells.

Figure 5(a) (Multimedia view) shows an overlay of different
time steps of micrographs during an attempt to trap paramecia in a
design 1 microfluidic channel. When a pressure gradient is applied,
most cells pass through the traps as they are not oriented parallel to
the direction of flow when approaching a trap. In the following, the
cells meander through the traps in most cases as shown. Only in
rare cases a cell actually got stuck in a trap. Figures 5(b)
(Multimedia view) and 5(c) (Multimedia view) show the trapping

process for the other two designs. When a pressure gradient is
applied, the cells are deflected from their original swimming path
and forced into a trap. Before the pressure gradient is applied, the
cell swims sideways. After the pressure gradient is applied, the cells
are accelerated downward toward the traps. This can be seen espe-
cially in Fig. 5(c) by the motion blur caused by the higher velocity.

A major difference between the trap shown in Fig. 5(b)
(design 2) and the one in Fig. 5(c) (design 3) is that the trap in
design 2 is not constricted on both sides. In this case, the pressure
gradient must be kept constant to keep the cells in the trap. In the
other case (design 3), the cells remain trapped even when the pres-
sure is reduced, because the trap is constricted from both sides.
This behavior is demonstrated in Figs. 5(d) and 5(e) by tracking
the swimming velocity during a trapping event for both designs. At
the beginning, without a pressure gradient, the cells can freely
swim in the channel. When a pressure gradient is applied, the cells
are forced into the traps and the velocity drops to zero (red area).
After the pressure is released, the cell can escape from the trap in
design 2, as can be seen by the velocity, which is no longer zero.

FIG. 4. Development of a microfluidic trapping device for the mobile micro-organism Paramecium caudatum. (a) First design with an array of traps and free space in
which the swimming behavior of the micro-organism can be tracked. By applying a pressure gradient, the cells are forced into the traps. (b) Second design of the device,
where there is no free space between the traps. This prevents the cells from bypassing a trap, resulting in a higher trapping efficiency. (c) Final design of the trapping
device. The trap has a barrier on both sides and is symmetrical. When a short pressure gradient is applied, the cells are forced into the trap and can also be released. A
major advantage is that the cells cannot escape from the trap by themselves when the pressure gradient is reduced.
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By applying a second pressure gradient, the cell can be trapped
again. In design 3, the velocity remains zero even though there is
no longer a pressure gradient applied. Consequently, the cell is still
in the trap. Only after applying a negative pressure gradient the cell
can be released from the trap again.

Figure 6(a) (Multimedia view) shows a time series of the
micro-organism Paramecium caudatum passing through a

microfluidic trap of design 2. When a continuous pressure drop is
generated, the cell is pushed through a trap in some cases. Initially,
only a small part of the cell membrane is pushed through the trap.
As time progresses, more and more of the cell is pressed to the
other side. After about 14 s, almost the entire cell is forced through
the trap. In the following, the cell can then pass through the trap,
which is not shown here. With the trap, which has a diameter of

FIG. 5. Different microfluidic trapping designs for the micro-organism Paramecium caudatum and observation of the swimming velocity. (a) Most cells can pass through
the traps. Only in rare cases, a cell gets stuck in a trap. (b) and (c) when a pressure gradient is applied, cells are deflected from their original swimming path and forced
into a trap. Scale bars = 500 μm and 100 μm (insets). (d) Without a pressure gradient, the cells can swim freely in the channel. When a pressure gradient is applied, the
cells are forced into the traps and the velocity drops to zero (red area). With the trap constricted on only one side, the pressure gradient must be kept constant to keep the
cells in the trap. (e) With the trap constricted on both sides, the cells remain trapped even when the pressure drops. Multimedia views: https://doi.org/10.1063/5.0084084.2;
https://doi.org/10.1063/5.0084084.3; https://doi.org/10.1063/5.0084084.4
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5 μm at its smallest point, the cell, which has a diameter of 50 μm
at its largest point, can be compressed by a factor of 10 without
causing any optically detectable damage. This process impressively
demonstrates the extremely high deformability of the cell. However,
this makes it difficult to keep the cells in the trap for an extended
period of time, which is another reason why design 3 is advanta-
geous. Figure 6(b) (Multimedia view) shows a time series of the

micro-organism Paramecium caudatum caught in a microfluidic
trap. The cell can float up and down in the trap, even if the dimen-
sions of the channel are only slightly wider and higher than the cell
itself. Due to its extremely high deformability, the cell is able to
bend at the corners and thus change direction. Right in the corner
the cell is completely folded. In the middle of the trap the cell is
stretched again. This is another example that demonstrates the

FIG. 6. Time series of the micro-organism Paramecium caudatum passing through a microfluidic trap of design 2 and caught in a microfluidic trap of design 3. (a) When a
continuous pressure gradient is applied, the cell is pushed through a trap of design 2 that has a diameter of 5 μm at its smallest point. The cell, which has a diameter of
50 μm at its largest point, can be compressed by a factor of 10 without optical detectable damage. This process impressively demonstrates the extremely high deformability
of the cell. (b) Time series of the cell moving in a microfluidic trap of design 3. The cell can float up and down in the trap, even if the dimensions of the channel are only
slightly higher than the cell itself. (c) Tracked position and size of the cell in the trap. The cell is largest when it is in the center of the trap and smallest in the corner of the
trap where the cell is bent. Multimedia views: https://doi.org/10.1063/5.0084084.5; https://doi.org/10.1063/5.0084084.6
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extremely high deformability of the cell. Figure 6(c) shows the posi-
tion in the trap and the corresponding size of the cell. In the center
of the trap, the paramecia is stretched, resulting in a large size. In
the corner, it is folded, resulting in the smallest size. Thus, the
traced size is a measure of how much the cell is bent.

In the next step, we observed the swimming behavior of a
single micro-organism in our microfluidic device. Figure 7(a)

(Multimedia view) shows the swimming path of a single micro-
organism tracked by an object recognition algorithm. Due to the
limited area, many events occur where the cell must change its
direction. Figure 7(b) shows the calculated velocity distribution
of the moving cell with two peaks. The lower peak can be attrib-
uted to the direction change events. The higher peak is attrib-
uted to straight swimming. As we are interested in the straight

FIG. 7. Tracking the swimming behavior of a single micro-organism in a microfluidic chamber with a height of 50 μm and comparison of swimming behavior before and
after trapping. (a) The swimming path of a single micro-organism tracked by an object recognition algorithm. (b) The calculated velocity distribution of the moving cell
shows two peaks. The lower peak can be attributed to the direction change events. (c) To filter out the lower peak, we introduced the condition that every time the change
in velocity angle is greater than 45°, a new trace starts. In addition, we only count traces with a length greater than 200 μm. (d) The calculated velocity distribution of the fil-
tered tracks is now about normally distributed and shows its maximum near 1 mm/s. (e) Mean swimming speed of individual cells observed over a few minutes before
(black) and after (red) the trapping event. Error bars show the standard deviation. (f ) Mean velocity of all cells before and after trapping. Error bars show the standard devi-
ation (n = 6). No change in swimming speed can be seen within the error range. Multimedia view: https://doi.org/10.1063/5.0084084.7
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swimming, we introduced a filter scheme. Figure 7(c) shows the
filtered traces. We introduced the condition that every time the
change in velocity angle is greater than 45°, a new trace starts.
In addition, we only count traces with a length greater than
200 μm. Thus, the complete tracking path is split into several
traces. The calculated velocity distribution of the filtered tracks
is now about normally distributed and shows its maximum near
1 mm/s [Fig. 7(d)]. A crucial requirement for our microfluidic
device is minimal influence of the entrapment on the behavior
of the micro-organism. Therefore, we observed the swimming
behavior before and after trapping. Figure 7(e) shows the mean
swimming speed of individual cells observed over a period of at
least 3 min before (black) and after (red) trapping. The error
bars show the standard deviation. In some cases, the velocity is
higher after capture, while in others, it is lower. There is no
clear trend that swimming speed changes drastically after
capture. Figure 7(f ) shows the mean velocity of all cells before
and after trapping. The error bars also show the standard devia-
tion. No change in swimming speed can be seen within the
error range, indicating that trapping does not have a large effect
on the behavior of the cells.

Optical measurements

To measure membrane fluidity, the fluorescence dye Laurdan
can be used. The sensitivity of Laurdan excitation and emission
spectra to the physical state of the membrane arises from dipolar
relaxation processes in the membrane region surrounding the
Laurdan molecule.26 However, to apply such measurements to
single cells with a good lateral resolution, they have to be immobi-
lized. When previously stained paramecia were trapped in our
microfluidic channel of design 3, the fluorescent signal of
Laurdan could be easily measured. Figure 8(a) shows the pixel-
wise color-coded GP (see Materials and Methods section for
details) of a paramecium measured at 20 °C. In the lower half, the
distribution of all measured GP values is shown, together with the
mean and the maximum of this distribution. Figure 8(b) shows
the same paramecium measured at 11 °C. At lower temperatures,
the distribution of GP values shifts to higher values which fits the
results of Toyoda et al.22

One advantage of the microfluidic channels is the possibility
to release the specimen between the measurements to analyze their
swimming behavior. Figures 8(c) and 8(d) show the measured
swimming velocities at 11 and 20 °C compared to the mean GP

FIG. 8. Optical measurement of membrane fluidity of trapped paramecium and comparison of temperature dependent swimming velocity and GP value. (a) Pixel-wise
color-coded GP of a paramecium stained with Laurdan at 20 °C. (b) GP of the same paramecium at 11 °C. At lower temperatures, the distribution of GP values shifts to
higher values. (c) Normalized swimming velocity in dependency of the temperature. The error bars indicate the standard deviation of the different calculated swimming
velocities at the same temperature with the same organism. (d) GP value in dependency of the temperature. The swimming velocity decreases with decreasing tempera-
ture and therefore with decreasing membrane fluidity.
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from Figs. 8(a) and 8(b). The mean GP value increases with
decreasing temperature, which means that the spectrum of Laurdan
shifts to smaller wavelengths. The swimming velocity decreases
with decreasing temperature and therefore with decreasing mem-
brane fluidity. Swimming speed is normalized here for better com-
parison between different paramecia. This correlation should be
investigated in further measurements.

CONCLUSION

We demonstrated three different methods of irreversible and
reversible trapping of motile protozoa Paramecium caudatum. We
found that SAW trapping restricts cell movement to one dimen-
sion. However, this method leads to rapid cell death at high RF
power. Trapping with collagen I is gentler toward the cells and
opens the possibility for long-term measurements. Here, the move-
ment of the cells is limited to rotation along the major axis. The
disadvantage is that the method is not reversible. In contrast, our
microfluidic approach allows reversible trapping of the cells. Due to
their extremely high deformability, the cells can be pushed into
small compartments without visually detectable damage. Moreover,
the technique allows not only the trapping of cells, but also the
tracking of their swimming behavior. We could not detect a nega-
tive influence of the trapping process on the swimming behavior of
the cells. Consequently, the technique is suitable, e.g., for the corre-
lation of optical measurements of the membrane order, where the
cell has to be held relatively stationary, and tracking of a cellular
function, like the swimming behavior.
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