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A B S T R A C T

Understanding microplastics’ (MPs) transport from soils to aquatic ecosystems is challenging due to labor- 
intensive detection methods, especially in large-scale plot experiments analyzing surface runoff and soil 
erosion. To address this, we used fluorescent MPs as tracers and developed a cost-effective protocol to detect 
them in dry soils and eroded sediments. We analyzed spherical polyethylene (PE: 125–150 μm; 425–500 μm) and 
irregular polylactic acid (PLA: 125–150 μm; 250–300 μm). Sample assays were prepared primarily based on dry 
and wet sieving. Subsequent darkroom photography under 365 nm illumination, and thresholding and 
segmentation-based image analysis were done. The developed protocol demonstrates high reliability, precision, 
and F-scores of 88.7 % ± 2.9 %, 85.2 % ± 3.1 %, and 86.9 % ± 2.8 %. PE exhibited slightly higher recovery rates 
(85 % ± 5 %) than PLA (79 % ± 8 %). Particle size influenced recovery, with larger MPs achieving significantly 
higher recovery. Smaller particles showed slightly lower recovery under dry soil conditions, but their recovery 
improved under sediment conditions facilitated by wet sieving and ultrasonication. All fluorescent MPs retained 
>95 % detectability after three months of storage, highlighting marker temporal stability. Compared to existing 
methods, this protocol eliminates complex digestion steps, reduces costs, and ensures minimal contamination, 
providing a robust framework for MP transport studies. It offers potential for enhancement through advanced 
imaging and machine learning, enabling more efficient and accessible detection in environmental research.

1. Introduction

Microplastics (MPs), mainly defined as plastic fragments between 1 
μm and 5 mm, have become a pressing environmental issue due to their 
pervasive presence in water [1], sediments [2], soils [3], and air [4]. 
Increasing evidence indicates that microplastic pollution in agricultural 
soils may far exceed that in oceans [5]. This pollution is especially 
alarming in agroecosystems, which are critical for food production. 
Modern agriculture increasingly relies on plastic products, including 
mulching films [6], greenhouse coverings [7], wraps, coatings [8], 
piping systems [9], and silage labels [10]. While these materials offer 
cost-effective durability, their widespread use contributes significantly 
to soil MP accumulation. Additional sources, such as compost [11] and 
sewage sludge [12] as fertilizers, irrigation water [13], and indirect 
transport mechanisms like wind [14], water [15], and tire wear [16] 
exacerbate the issue. Once introduced into soils, macro- and 

microplastics undergo fragmentation, further amplifying 
contamination.

This poses a global threat to terrestrial environments and agro
ecosystems [17,18]. Recent investigations reveal a substantial presence 
of MPs in agricultural topsoil [19,20], with farming practices and soil 
heterogeneity facilitating lateral transport via surface runoff and soil 
erosion, potentially transporting these particles to aquatic systems [21]. 
Vertical infiltration, driven by rainfall or irrigation, facilitates the 
downward migration of MPs through soil macropores [22], raising 
concerns about groundwater entry [23].

The movement of MPs in terrestrial environments remains poorly 
understood, underscoring the pressing need for research into their fate 
and transport to evaluate the impacts of soil microplastic pollution [24,
25]. Recent studies have investigated horizontal transport mechanisms, 
such as erosion, through field experiments [26,27] and laboratory setups 
[17,28], as well as modeling-based analysis [29]. Vertical transport 
studies have primarily used column experiments to examine infiltration 
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processes [30,31]. These experiments typically introduce MPs of varying 
polymer types, shapes, and sizes into the soil system and simulate 
rainfall to analyze MP fate and transport behaviors. For easier identifi
cation, researchers often use microplastic particles with bright or 
non-native colors (e.g. white, pink) [26,32]. Recovery of these induced 
MPs from soil and sediment samples is commonly achieved through 
density separation and different procedures to destroy organic matter 
components [33,34]. Visual identification may be useful with larger MP 
sizes, making it cost-effective and straightforward [43], but it is prone to 
bias, misidentification and is difficult to standardize [55]. More robust 
identification methods include stereomicroscopy and Fourier transform 
infrared spectroscopy (FTIR) [35], which are more reliable but require 
significant time, sample preparation, and access to costly instrumenta
tion [44,45].

Fluorescence-based methods have gained traction in MP analysis as 
an alternative to conventional visual or spectroscopic detection. One 
widely applied approach is Nile Red staining [56], a lipophilic dye that 
binds to hydrophobic plastic surfaces and fluoresces under UV or blue 
light. It has shown utility across various polymer types and is compatible 
with automated imaging and software-based image analysis, improving 
throughput [36,40–42]. However, Nile Red staining has its limitations. 
It is prone to non-specific staining of natural organic matter, exhibits 
inconsistent fluorescence among polymer types, and is particularly 
susceptible to background interference in complex soil matrices [46]. 
These drawbacks hinder reliable detection, especially at low MP con
centrations. Furthermore, automated analysis pipelines inherit these 
challenges, often requiring extensive image pre-processing, manual 
threshold tuning, and calibration to separate MPs from background ar
tifacts [47]. UV-labeled microplastics and direct imaging approaches 
have been increasingly explored to address these limitations. These 
methods bypass staining altogether by incorporating fluorescent 
markers directly into the polymer matrix. In sediment transport studies, 
such fluorescent tagging—using tracers like rhodamine or 
anthracene-coated particles—has been instrumental in tracking particle 
movement with high precision [37,38]. Despite their promise, these 
tracers are not routinely applied in MP research due to high costs, dye 
degradation, and limited suitability for soils with strong background 
fluorescence or organic content [23,39].

Unlike studies focusing on native environmental microplastic 
pollution, experimental designs in microplastic transport research offer 
the advantage of pre-selecting MP polymer shape, size, and color. This 
controlled approach enables researchers to optimize precise MP 
extraction and identification recovery techniques. Despite substantial 
progress in MP transport research and the development of various pro
tocols, there remains a critical need for detection methods that are fast, 
cost-effective, accurate, and reliable. Building on existing advance
ments, this study introduces a simplified protocol using pre-labeled 
fluorescent MPs and darkroom UV imaging, tailored for tracer-based 
MP redistribution experiments. Such advancements are pivotal for 
minimizing the costs and time associated with laboratory analyses while 
enabling the study of MP transport processes across larger sample sets. 
This is particularly important for capturing diverse environmental 
conditions and temporal dynamics, with a special focus on sediment 
transport phenomena.

To address this gap, we conducted laboratory experiments to analyze 
fluorescent microplastics in two treatment scenarios: (1) dry soil and (2) 

wet soil or runoff-eroded sediment to mirror a simulated runoff scenario. 
Two UV-labeled fluorescent polymers were tested: (1) spherical poly
ethylene (PE) microspheres, sourced as commercially available micro
plastic particles, and (2) polylactic acid (PLA) filament, an economical 
and accessible material grounded into irregularly shaped microplastic 
particles/fragments. Using a simple darkroom photography setup and 
UV light, we aimed to answer the following research questions: 

1. Can fluorescent PE and PLA MP particles in the 125–500 μm range be 
identified directly from soil and sediment without requiring 
extraction?

2. How do recovery rates vary depending on MP size and shape?
3. Is the protocol sensitive to particle concentration, ranging from low 

to high MP particle counts?
4. Are there differences in the applicability of the two UV-labeled 

fluorescent MP polymer types as proxy tracers in microplastic 
transport studies?

2. Materials and methods

2.1. Microplastic (MP)

The protocol development focused on the MP size distribution of 
125–500 μm, aligning with sizes used in previous MP transport studies 
[26–28,48], to ensure comparability of results. This size range is 
well-established in MP transport literature and aligns with experimental 
requirements for tracer visibility and non-destructive imaging under UV 
fluorescence.

Uniform fluorescent PE microspheres were sourced from Cospheric 
LLC (Santa Barbara, USA) in two distinct colors and size ranges: green 
(125–150 μm) and red (425–500 μm). These microspheres have 1–1.09 
g cm− 3 densities and a melting point of 110–130 ◦C. The manufacturer 
reported that the fluorophore is homogeneously incorporated into the 
PE matrix, making it solvent-resistant.

Irregular UV-fluorescence-labeled PLA MP particles were produced 
from a commercially available 1.75 mm fluorescent PLA filament 
(Filament-PM, Prague, Czech Republic), selected for its biodegradable 
properties, low cost, widespread availability, and compatibility with 
cryo-milling procedures [49]. The filaments were cryogenically frozen 
with liquid nitrogen, mechanically milled into irregularly shaped frag
ments, and industrially sieved by Lavaris Ltd. Czech Republic (http 
s://www.lavaris.eu/). Additional dry sieving was conducted in the 
laboratory to achieve precise size fractions. Two fluorescent PLA particle 
size ranges were used: orange (125–150 μm) and green (250–300 μm). 
These particles have a 1.24 g cm− 3 density and a melting point of 
150–160 ◦C. Stereomicroscope imaging (Zeiss Axio Zoom.V16) was 
performed on 200 particles from each PE and PLA size fraction to verify 
the size distributions. The uniform distribution of particle sizes was 
confirmed using QQ plots.

2.2. Soil

Loamy soil, classified as Cambisol, was selected due to its prevalence 
as Central Europe’s most common agricultural soil type [50]. The soil, 
characterized by 18.3 % clay, 33.8 % silt, 47.9 % sand, 4.1 % organic 
matter, and a pH (KCl) of 7.12, was sourced from an agricultural field in 
Řisuty, Czech Republic (50◦13′2.0″N, 14◦1′2.2″E). Topsoil was collected 
from 0 to 15 cm depth across fifteen locations within the field using a 
metal spade and thoroughly mixed to ensure homogeneity. Plant roots 
and stones were manually removed during the process. The soil was then 
air-dried and sieved through a 2 mm mesh to produce a uniform sample 
for experimental use.

2.3. Darkroom photography setup

The photography analysis was conducted in a pop-up dark tent 

Abbreviations

MP = Microplastic
PLA = Polylactic Acid
PE = Polyethylene
UV = Ultraviolet radiation
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(Ilford Pop Up Darkroom) measuring 1.3 m × 1.3 m x 2.2 m, illuminated 
by fluorescent lights. A modified table stand was built to place and 
photograph the MP assays. The table had two vertical stands with a 
platform area on which the MP assays were placed. The camera (Sony 
Alpha model α6000 with a Sony SEL16F28 lens) was placed on the 
bottom stand at a 90◦ angle directly above the filter. The height of this 
stand was adjustable, allowing manual camera focusing. The UV lamp 
(Iradifire, 48 × 1W array, 365 nm, UV Gear, UK) was installed on the 
stand above at a 45◦ angle for top-down illumination, and MP assays 
were photographed. This imaging technique setup enabled adequate 
excitation for fluorescence of the induced MP particles, enhancing vis
ibility by producing even lighting, reducing shadows, and highlighting 
surface details from above. All visible equipment displays were shielded 
with black cardboard and opaque tape to achieve near-complete dark
ness. In adherence to strict conditions, the pop-up darkroom remained 
closed, and only essential personnel in appropriate cotton lab coats were 
permitted entry to minimize the risk of light and air pollution, mirroring 
conditions from prior digital photography research [51]. Using optimal 
conditions (Section 2.5.1), a camera height of 0.6 m above the sample 
assay yielded a total field of view of 27 cm × 18 cm, with a resolution of 
6000 px × 4000 px and a corresponding pixel size of 45 μm × 45 μm. 
Since all darkroom photography was conducted under constant light 
conditions, it was kept constant for subsequent analysis once the image 
classification process was developed.

2.4. Image processing

Our protocol applied a thresholding and segmentation-based 
approach for image analysis using freeware ImageJ version 1.54j 
(https://imagej.net/). This aimed to assess background noise in dark- 
frame photographs, analyze particle morphology, optimize the detec
tion of MPs, and obtain image-based counts of induced fluorescent MPs. 
Manual color thresholding was performed based on Hue, Saturation, and 
Brightness (HSB) ranges, utilizing pixel intensities of the fluorescent 
colors specific to the polymers. Following the thresholding procedure, a 
binary transformation was applied to convert the image into a mask, 
effectively segregating selected pixels. Edge detection using the ‘Find 
Edges’ tool, subsequent thresholding, and the ‘Fill Hole’ function in 
ImageJ was used as a closing filter. Additional segmentation was 
employed using the ‘Watershed’ tool to separate connected particles. 
Particle analysis was conducted using the ‘Analyze particle’ option, and 

data regarding particle size (Feret, major, minor axis), particle area, and 
circularity were recorded. For a precise particle count analysis, we used 
each polymer size fraction’s known mean MP particle areas to identify 
clustered particles. The number of particles in a cluster was estimated as 
a ratio of the cluster area to the mean particle surface area. Based on pre- 
experimental analysis (Section 2.5.1 below), we developed a semi- 
automated approach for successive image analysis using ImageJ macro 
and batch processing using the parameters obtained. Compared to 
fluorescent staining techniques such as Nile Red, which are prone to 
background fluorescence due to non-specific binding to natural organic 
matter [46,47], our approach using intrinsically fluorescent MPs elim
inates the staining step and significantly reduces background noise. 
Control samples containing only soil (no MPs) showed no false positive 
results below the applied threshold, indicating minimal background 
interference. This contrasts with Nile Red-based studies, which often 
require organic matter digestion or complex background subtraction to 
resolve this issue [47,55].

2.5. Experimental design

Experimental analysis was conducted in two phases: a pre- 
experiment to optimize darkroom parameters and a main experiment 
testing the developed protocol that used the optimized parameters. 
Recovery rates were checked for varying conditions and concentrations. 
A schematic of the experimental design is provided in Fig. 1.

2.5.1. Pre-experiment analysis
To optimize MP detection using UV light photography and image 

analysis, preliminary tests established optimal imaging conditions and 
an analytical approach by preparing an image classification workflow. 
Firstly, fifty manually counted spherical polyethylene (PE) and irregular 
polylactic acid (PLA) MPs were photographed without soil (MP particles 
spaced apart on a clean surface to prevent overlap) and with soil (mixed 
with sieved dry soil to simulate environmental conditions). Three 
different UV wavelengths and varying camera settings of exposure time, 
aperture, and ISO were assessed for pure MP particles and MP-soil 
interference. Optimal fluorescence was achieved at 365 nm UV light, 
close to the peak excitation of 400 nm for PE and 370 nm for PLA, as 
given by the manufacturer and literature [52], respectively. The optimal 
camera settings were 0.2 s exposure, ISO 100, and F5.6. The optimized 
conditions were used to develop an image classification macro. Image 

Fig. 1. Schematic showing framework of experimental analysis conducted.
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analysis during the pre-experiment was also used to assess particle 
morphological descriptors (Supplement S1)

To validate the robustness of the image analysis, triplicate samples 
containing known MP mass (0.001 g, 0.004 g, and 0.007 g) were 
weighed using a precision balance and manually counted. These sam
ples, without soil, were photographed under optimized UV and camera 
conditions. The resulting images were processed with the finalized 
image analysis workflow and compared with manual counts. A strong 
correlation was observed between the manual and image analysis 
counts, with Pearson coefficient (r > 0.9) for all size ranges. Image 
counts showed an average absolute deviation of <8 % compared to 
manual counts, indicating high accuracy (deviation was calculated as 
the percentage difference between manual and image analysis counts) 
(Table S1).

Additionally, the relationship between MP weight and particle count 
was analyzed. PE and PLA MPs across varying size ranges were weighed 
(0.001–0.1 g) using a fine balance, and triplicates of each weight were 
photographed under optimized imaging conditions and analyzed using 
the developed macro. A linear regression model was established, 
providing a reference curve (particle count vs. weight) for subsequent 
experiments involving unknown particle counts. This reference curve 
allowed the estimation of input particle counts for soil samples with MPs 
added as weight-to-weight (w/w) ratios in subsequent analysis (Fig. 2).

2.5.2. Main Experiment
For the main experiment, we analyzed two treatments: (1) dry soil 

(Treatment 1) and (2) wet soil mimicking sediment transport due to 
surface runoff (Treatment 2). For Treatment 1, 10 g of dry soil was mixed 
with MPs in 750 ml glass jars. For Treatment 2, the soil-MP mixtures (as 

in Treatment 1) were combined with 500 ml of distilled water in 750 ml 
glass jars (Fig. 3A). All prepared samples were kept in a cool and dark 
environment (refrigerated at 4 ◦C) for one week to enable MP-soil 
interaction before subsequent analysis. This helped to stabilize the dis
tribution of MPs within the matrices and reduce the potential for surface 
aggregation or uneven mixing while preserving the polymers’ integrity 
and their fluorescent properties.

To test the protocol’s sensitivity and scalability, MPs of varying size 
ranges (125–150 μm, 250–300 μm, 425–500 μm) were mixed with soil 
accounting for very low to very high concentration/particle count: (1) 
Known Particle Counts (25, 50, 100, 150, 300) and (2) w/w Concen
tration Gradients (0.05 %, 0.1 %, 0.5 %, and 1 % w/w). The reference 
curve developed in the previous step accurately estimated MP counts for 
high concentrations. This approach evaluated the protocol’s scalability 
for processing samples with higher microplastic concentrations, where 
manual particle counting is impractical.

For each treatment and concentrations, MPs were prepared and 
mixed independently for PE and PLA to avoid visual bias, as fluorescent 
orange PLA particles (125–150 μm) appeared visually similar to red PE 
particles (425–500 μm) under UV light. Control treatments without 
fluorescent PE or PLA were also prepared and analyzed alongside the 
experimental samples. The laboratory was thoroughly cleaned before 
and during sample preparation to prevent contamination. Plastic fiber 
clothing was prohibited, and all analytical tools used were non-plastic 
except for a white-colored wash bottle.

2.6. MP assay preparation using developed protocol

Standard dry and wet sieving techniques were adapted to recover 

Fig. 2. Reference curve for 125–150 μm PLA, 125–150 μm PE, 250-30 μm PLA, and 425–500 μm PE. Input weight (g) as measured using a fine balance. Estimated 
particle counts are assessed using image analysis. The dotted black line shows the regression fit.
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MPs from prepared samples. Samples from Treatment 1 were carefully 
crushed using a ceramic rolling pin to break agglomerates while mini
mizing additional fragmentation of induced MPs. The crushed samples 
were then subjected to dry sieving. For Treatment 2, a dispersing pro
cedure was applied to disaggregate MP-soil clumps. This involved two 
cycles of magnetic stirring at 500 rpm for 10 min, followed by ultra
sonication (130/300 W, 400 kHz) for another 10 min. The dispersed 
samples were subsequently wet-sieved (Fig. 3B).

For both treatments, a sieve cascade setup with mesh sizes of 1 mm, 
500 μm, 400 μm, 300 μm, 250 μm, 150 μm, 100 μm, and 50 μm was 
employed. This facilitated the separation of MPs and soil particles into 
designated size fractions, aligning with the size ranges of the induced 
MPs under investigation (PE: 125–150 μm and 425–500 μm; PLA: 
125–150 μm and 250–300 μm). This method also reduced the initial 
sample size from 10 g to 2.6 ± 0.3 g to 1.5 ± 0.2 g across all size frac
tions. During pre-experiment optimization, subsampling protocols were 
developed based on the experimental setup’s best pixel size and field of 
view. Each gram of sample was subsampled into approximately five 
portions for smaller size fractions (125–150 μm) and approximately two 
portions for the largest fraction (425–500 μm). This subsampling strat
egy ensured uniform distribution of MPs across the sample assay, 
minimizing clustering, occlusion, and aggregation during UV imaging. 
The number of subsamples per gram was optimized based on the cam
era’s field of view and detection resolution to ensure accurate particle 
segmentation while maintaining consistent MP counts across all 
replicates.

Induced MPs and organic soil particles retained on each sieve were 
gently washed using a wash bottle and collected on filter paper with a 
pore size of 0.7 μm. The filters were dried at 40 ◦C for 1 h. The residual 
particles were manually spread as a thin layer on 20 cm diameter opaque 
petri dishes for darkroom photography under UV light. Filters were also 
photographed to ensure no residual fluorescent MPs remained. To 
measure the precise MP and soil fraction content, all filters were oven- 
dried at 100 ◦C for 1 h and weighed before filtration. Additionally, to 
check the temporal effect of fluorescence polymers, all sample assays 
were stored in glass jars with tin lids, and re-analysis was carried out 
after three months.

2.7. Validation of developed protocol

Recovery was assessed based on particle detection using image 
processing-based counts and evaluated using key metrics, including 
precision, recall, and F-score. The validation involved identifying and 
calculating the true positives (TP, actual MP particles identified), false 
positives (FP, particles which are not MP but identified as one), and false 
negatives (FN, MP particles which were unidentified). Further, we 
calculated for precision (the proportion of true positives that can be 
trusted) and recall (the proportion of true positives we found). The F- 
score measures accuracy as the harmonic mean of recall and precision 
and was used as a balanced measure of detection accuracy. A high F- 
score indicates that the protocol detects MPs accurately and minimizes 
errors, making it a robust validation metric. 

Precision (P) =
(

TP
TP + FP

)

(1) 

Recall (R) =
(

TP
TP + FN

)

(2) 

Fscore =

(
2*P*R
P + R

)

(3) 

Recovery was calculated as the ratio of particles detected by image 
analysis to the estimated/known input particle count: 

Recovery (%) =
Particles Detected by Image Analysis (count)

Input Particles (count)
*100 (4) 

To further assess the reliability of the protocol, regression analyses 
were conducted to evaluate the relationships between input weight 
added and (1) MP count as detected by image analysis, (2) area as 
detected from vertical scanning of ImageJ, and (3) volume (cm3). Vol
ume calculation for PE was done using sphere formulae, given that their 
shapes were near circular. For irregular PLA, MP particles were assumed 
to be ellipsoidal, where the major axis corresponded to the largest 
measured cross-sectional size of the particle and the minor axis corre
sponded to the smallest measured cross-sectional size. Consequently, in 

Fig. 3. Steps showing sample preparation processes (A) and preparation of microplastic assays for darkroom photography as per developed protocol (B).
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addition to the major and minor axes, the third dimension of the par
ticles was taken to be equal to the minor axis of the best-fitting ellipse, 
and particle volume was calculated.

2.8. Statistical analysis

Quantitative data of the obtained microplastic count and precision, 
recall, F-score, and recovery validation parameters are presented as 
mean ± standard deviation (STD). Since the data did not align with a 
normal distribution, the Mann-Whitney U test was used to analyze the 
difference in recovery across polymer types (PE vs PLA). The Kruskal- 
Wallis test was used to analyze recovery across the various polymer 
sizes, and the Wilcoxon Signed-Rank test was used to analyze the dif
ference between the two treatment conditions. Probability levels below 
0.05 were considered statistically significant. All statistical analyses and 
the generation of required vector plots were carried out using Matplotlib 
v3.6.1 in Python. Scientific illustrations were created using Biorender.

3. Results and discussions

This research introduces a cost-effective, time-efficient protocol 
using UV-illuminated darkroom photography and image analysis to 
detect fluorescent MPs (125–500 μm) in soil and sediment samples. The 
protocol, requiring minimal specialized equipment and standard labo
ratory tools, enables rapid sample processing—approximately 30 min 
for Treatment 1 and 90–110 min for Treatment 2. The overall precision 
across different particle sizes, polymer types, and treatments was 88.7 % 
± 2.9 %, the recall was 85.2 % ± 3.1 %, and the F-score was 86.9 % ±
2.8 %, indicating strong reliability and accuracy. Mean precision, recall, 
and F-scores for each treatment are presented in Table 1, demonstrating 
consistent performance under Treatment 1 and Treatment 2.

Polymers differ in density, shape, and surface properties, affecting 
recovery and detection efficiencies [53], and their environmental fate 
[28]. We checked for two UV-labeled fluorescent polymers: an expen
sive spherical PE microsphere and an easily accessible, cheaper PLA 
filament ground into irregular MPs. The recovery rates of PE and PLA 
MPs were compared across treatments using a Mann-Whitney U test, 
which revealed no statistically significant differences between the two 
polymers (U = 5814.5, p = 0.436). This suggests that both fluorescent 
polymer types can be used effectively. Various studies have focused on 
several aspects of MP transport within this size range. The effect of 
vegetation on the horizontal transport of MP [27] used six hundred (MP 
count) fragments of 0.25–1 mm PE and Polypropylene (PP), analysis of 
irrigation facilitated vertical transport of low-density PE [22] used 75 % 
0.5–1 mm spherical PE, study of size and shape of MP on lateral and 
horizontal migration [28] used 1–3 mm PE and 0.2–3 mm PET spherical 
particles. To further enhance such microplastic transport studies in 
agricultural soils in field and lab environments, our results promote the 
use of commercial and non-commercial fluorescent MP as proxy tracers, 
which we infer as easily identifiable non-destructively using the devel
oped protocol.

However, the commercially bought spherical PE MPs achieved 
higher mean recovery rates (~85 % ± 5 %) than the PLA MPs (~79 % ±
8 %) across both treatments (Fig. 4). For samples with smaller input 
concentrations (MP count = 25, 50, 100), PLA recovery, especially in 
Treatment 1, was below 70 %. This variability highlights potential 

challenges in accurately detecting lower concentrations of irregularly 
shaped PLA particles under dry soil conditions. In contrast, PE MPs 
consistently recovered above 85 % across all input counts and treat
ments. This could be due to the PE MPs’ spherical shape, making them 
uniform and more straightforward to detect and recover using image 
analysis, wherein their consistent shape results in fewer particles being 
misclassified or lost during processing. The fluorophore in the PE mi
crospheres was homogeneously incorporated into the polymer matrix, 
ensuring consistent fluorescence compared to PLA particles obtained 
from filaments. Being irregularly shaped, PLA particles may not fluo
resce uniformly and, with an MP count of up to 100, may have increased 
contact with soil particles, leading to adhesion, misidentification, or 
lower visibility under UV light. The use of grounded PLA from 3D 
printable filament has been successfully used in MP ecotoxicology 
studies [54], and given its high recovery rate using our protocol, we 
suggest using it in MP transport studies to analyze the effect of biode
gradable polymers in agricultural soils.

Overall recovery (%) was slightly higher in Treatment 2 than 
Treatment 1. While Treatment 2 consistently yielded higher mean re
coveries across both polymer types and particle sizes, a Wilcoxon 
Signed-Rank paired test indicated that these differences were marginal 
and not statistically significant (W = 100.0, p = 0.055). This could be 
due to the particle separation efficiency where wet conditions help 
suspend MPs, making them easier to sieve and separate. Wet sieving 
makes MPs more likely to be separated from soil aggregates or organic 
matter adhering to MPs due to the dispersing effect of water. Addi
tionally, the ultrasonication and magnetic stirring used in Treatment 2 
minimizes the chances of MPs being retained in soil aggregates 
compared to dry sieving in Treatment 1, which could be an important 
aspect if fluorescent MPs are used in long-term experiments. Also, while 
sample preparation, the allowance of sedimentation for Treatment 2 
ensures that particles settle individually, avoiding stacks or aggregates 
that can complicate detection. Additionally, drying the sample before 
sample assay preparation for darkroom photography ensures that 

Table 1 
The precision, recall, and F-score values for the reference polymers in different treatments.

Polymer Type Size (μm) Precision (mean ± STD) Recall (mean ± STD) F-Score (mean ± STD)

Treatment 1 Treatment 2 Treatment 1 Treatment 2 Treatment 1 Treatment 2

PLA 125–150 0.96 ± 0.09 0.98 ± 0.05 0.72 ± 0.16 0.80 ± 0.09 0.82 ± 0.14 0.87 ± 0.07
250–300 0.97 ± 0.04 0.95 ± 0.08 0.82 ± 0.08 0.85 ± 0.05 0.89 ± 0.06 0.90 ± 0.05

PE 125–150 0.98 ± 0.04 0.97 ± 0.06 0.84 ± 0.03 0.83 ± 0.04 0.90 ± 0.02 0.89 ± 0.04
425–500 0.96 ± 0.06 0.97 ± 0.03 0.88 ± 0.05 0.88 ± 0.05 0.91 ± 0.04 0.92 ± 0.03

Fig. 4. Recovery rate by polymer type for the two different treatments. The 
boxes around the median represent the first and third quartiles; whiskers give 
the minimum and maximum, while the dotted line shows outliers.
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particles are better separated and do not form clusters or adhere to each 
other. Regardless, there is no statistical significance between the two 
treatments, with a wet soil treatment (valuable for soils and sediments) 
offering a marginal improvement in separation efficiency.

Particle size significantly influenced recovery rates, as smaller par
ticles (125–150 μm) generally exhibited lower recovery compared to 
larger particles (250–300 μm and 425–500 μm) (Fig. 5). A Kruskal- 
Wallis test revealed significant differences in recovery rates across the 
three size categories (125–150 μm, 250–300 μm, and 425–500 μm). 
Pairwise Mann-Whitney U tests confirmed the significant differences 
were amongst 125–150 μm vs. 250–300 μm (U = 2109.0, p < 0.01), 
125–150 μm vs. 425–500 μm (U = 1289, p < 0.001), and 250–300 μm 
vs. 425–500 μm: (U = 1015, p < 0.01), indicating that recovery rates 
increase significantly with particle size. This pattern was consistent 
across both treatments, highlighting the challenges of detecting smaller 
particles. For PE MPs in Treatment 1, recovery rates for smaller particles 
averaged 85 % ± 8 %, while larger particles achieved recoveries close to 
95 % ± 3 %. Similarly, PLA MPs showed lower recovery rates for the 
smallest size fraction (75 % ± 12 %) compared to larger sizes (85 % ± 5 
%). Smaller particles (125–150 μm) have a reduced surface area, pro
ducing less fluorescence under UV light. This makes it harder to identify 
and differentiate from soil particles. Additionally, loamy soil was used, 
with 52.1 % silt and clay content, which has a high specific surface area 
and can adhere firmly to smaller MPs due to electrostatic forces and van 
der Waals interactions. The use of a UV light box and camera setup to 
identify Nile red fluoresced microplastics from soil has been previously 
shown by Ref. [54], although they could successfully classify 0.63–1.0 
mm and >1.0–5.0 mm for particles and fragments after organic matter 
removal and density separation. Comparatively, our recovery rates are 
appropriate for MP transport studies.

The sensitivity of the protocol was assessed by evaluating recovery 
rates across input concentrations, ranging from 25 to 300 particles 
(manually counted) to well over 20,000 particles (input as w/w), con
firming the protocol’s reliability across a wide range of concentrations. 
PLA MPs exhibited slightly lower recovery rates at lower input counts 
than PE MPs; however, this discrepancy diminished at higher concen
trations, with recovery stabilizing beyond 100 particles. The rate of 
change in recovery was highest between 25 and 50 particles (+4.67 %) 
and significantly diminished for larger input counts, indicating method 
sensitivity to smaller particle concentrations. Negative rates of change 
were observed sporadically at very high input counts, reflecting poten
tial fluctuations in recovery efficiency (Fig. 6). Additionally, the linear 
regression analysis between MP Weight Added (g) and particle volume, 
area, and MP observed counts demonstrated strong linear relationships 
across all particle sizes, polymer types, and treatments (R2>0.98 in all 
cases) (Table S2), furthering the protocol’s reliability.

By eliminating the need for complex separation or digestion steps, 
this protocol offers an efficient and accessible alternative for MP trans
port research in soil and sediment systems. Unlike Nile Red staining, 
which can encounter challenges such as discoloration of colored poly
mers, interference from natural organic matter, and background fluo
rescence from filter paper, leading to potential overestimations of 
microplastic particle count [46]. In contrast, our protocol using 
pre-labeled fluorescent MPs avoids these issues entirely. The negligible 
false positive rate observed in our control tests confirms the low back
ground signal, and our high precision values (up to 98 %, Table 1) reflect 
the method’s robustness in distinguishing MPs from the soil matrix. This 
highlights a key advantage over Nile Red-based techniques, which often 
require additional preprocessing steps to mitigate background interfer
ence [47,55]. Therefore, our method simplifies detection and improves 
reliability, particularly beneficial for microplastic transport studies. A 
systematic re-analysis of all MP particles stored in sieved samples for 
three months exhibited minimal recovery loss (~4.8 ± 1.9 %), attrib
uted primarily to handling. All particles retained fluorescence intensity 
above detectable levels regardless of polymer type or size. While our 
results confirm the short-term fluorescence stability over a 3-month 
storage period, we believe longer-term assessments are essential, 
particularly for studies involving extended field campaigns or 
multi-seasonal monitoring. Future research could explore fluorescence 
stability over longer temporal scales or under variable environmental 
conditions (e.g., UV exposure, humidity, or temperature fluctuations) to 
ensure continued marker viability.

Also, darkroom photography for Nile Red fluoresced MPs has been 
increasingly adopted [55]. This study highlights a cost-effective pop-up 
darkroom tent as a viable alternative. The pop-up tent’s compact design 
minimizes laboratory contamination risks, a critical concern in MP 
research. Any contamination can be minimized by setting image analysis 
thresholding and segmenting parameters based on pre-characterized MP 
morphology.

While this protocol offers several advantages in terms of cost effi
ciency, speed, and simplicity, it exhibits lower recovery rates for smaller 
MPs (particularly those in the 125–150 μm range). This limitation is 
consistent with the results of previous studies [56,57] and can be 
attributed to two primary factors: (1) the limited resolution and sensi
tivity of darkroom photography in detecting weak fluorescence signals 
from finer particles, and (2) the accumulation of residual organic matter 
and soil particulates during sample preparation, which can obscure or 
scatter fluorescence. Despite these pre-treatment steps, residual organic 
debris may still scatter light or create fluorescence artifacts that reduce 
contrast or mimic the appearance of MPs. Although thresholding and 
morphology-based segmentation reduce this effect, it cannot be fully 
eliminated, particularly in fine fractions or more organic-rich samples. 
These factors contribute to a size-dependent recovery trend, particularly 
affecting the smallest MPs in the tested range. Further studies could 
incorporate higher-resolution imaging equipment and advanced image 
analysis techniques, such as machine learning-based particle detection, 
edge-enhancement algorithms, or fluorescence thresholding with back
ground subtraction to improve detection accuracy for smaller MPs, 
especially in heterogeneous sediment samples.

This protocol was developed for controlled MP transport studies in 
which known quantities of pre-labeled PE or PLA particles are added as 
tracers in laboratory or field experiments. Its simplicity, cost- 
effectiveness, and non-destructive nature are well-suited for high- 
throughput sample processing and long-term monitoring without com
plex extraction procedures. Potential applications include tracking MP 
movement in erosion plots, simulating vertical transport in infiltration 
columns, and studying temporal redistribution across cropping cycles. 
Furthermore, the statistically significant results demonstrate the prac
tical relevance for controlled research designs where accurate and 
repeatable detection is essential. While the current study was conducted 
under laboratory conditions, the protocol is intended for use in designed 
field experiments with known MP inputs. Factors such as soil variability 

Fig. 5. Recovery rate by microplastic size for the two different treatments. The 
boxes around the median represent the first and third quartiles; whiskers give 
the minimum and maximum, while the dotted line shows outliers.
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and MP burial depth may cause detection issues in such environments, 
but the method remains applicable with minimal adjustments. Future 
studies could investigate calibration steps for different field conditions 
to enhance reliability. Furthermore, the method works well within these 
controlled contexts, but limitations remain in detecting smaller particles 
and applying the protocol in highly organic or heterogeneous soils. 
Future adaptations—such as improved optics, image resolution, or semi- 
automatic segmentation—could help overcome these challenges if 
higher sensitivity is required while preserving the protocol’s overall 
accessibility.

4. Conclusion

This study presents a cost-effective and reliable protocol for detect
ing microplastic transport on the soil surface or within the soil column 
while using fluorescent microplastics (MPs) added in experimental 
setups. The protocol demonstrated high accuracy across particle sizes, 
polymer types, and treatments, with mean precision, recall, and F-scores 
exceeding 85 %. While PE MPs consistently showed higher recovery 
rates due to their spherical shape and uniform fluorescence, PLA MPs 
also performed effectively, making both polymers suitable as tracers in 
MP transport studies. During sample preparation, recovery rates 
improved under wet sediment conditions due to enhanced particle 
separation. Overall, this protocol provides a robust, scalable framework 
for advancing MP research in agricultural soils, offering a practical tool 
for understanding MP fate and transport across diverse environmental 
conditions.
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